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1. Introduction {#anie201712448-sec-0001}
===============

The field of nanomaterials is growing rapidly. In medicine, tremendous efforts are being made to achieve a successful translation of nanomaterials as carrier systems for diagnostic as well as therapeutic purposes.[1](#anie201712448-bib-0001){ref-type="ref"} Regardless of this purpose, the nanomaterials come into contact with biological fluids and therefore with proteins. These fluids can be either extracellular fluid, such saliva, mucus, or blood, or intracellular fluid, the cytoplasm. To understand and predict the behavior of nanomaterials in biological systems, it is essential to characterize the interactions between naturally occurring proteins and nanomaterial surfaces.[2](#anie201712448-bib-0002){ref-type="ref"} This is equally relevant for materials outside the medical field where contact with the natural environment cannot be avoided. These are usually planar surfaces such as membranes,[3](#anie201712448-bib-0003){ref-type="ref"} coatings,[4](#anie201712448-bib-0004){ref-type="ref"} or even air--water interfaces,[5](#anie201712448-bib-0005){ref-type="ref"} which naturally also interact with proteins when they are present.

Independent of the material interface and application goal, controlling the interaction of materials with proteins is increasingly seen as a design tool for producing surfaces with a specific function that allows modulation of their properties to improve their efficacy in a biological context. Such control presupposes knowledge of the interaction mechanisms and principles to enable control over the relevant processes, as well as to finally engineer the impact on the desired application. Thus the combination of different techniques to characterize protein--surface interactions goes hand in hand with applying the obtained knowledge to create specific functional systems. In this context, we aim to give a detailed overview of the techniques that are currently applied to characterize and understand the underlying mechanisms of protein interactions at the nanomaterial interface, and show some current directions for engineered protein‐repellent surfaces as well as contemporary strategies to obtain functional protein coatings to overcome current challenges for medicinal applications.

2. Analysis Techniques for Proteins at Interfaces {#anie201712448-sec-0002}
=================================================

Depending on the type of material being analyzed, different kinds of techniques need to be applied. When proteins interact with curved surfaces such as nanoparticles, the interaction behavior can change compared to completely planar surfaces depending on the protein to nanomaterial size ratio.[6](#anie201712448-bib-0006){ref-type="ref"} However, the most significant change regarding the characterization of planar materials versus nanoparticles is the fact that the nanoparticles are handled as suspensions or dispersions. Thus, for each kind of material, different measurement setups are required. Information on planar surfaces is more easily available by surface‐specific techniques ignoring everything that is not present at an interface. For nanoparticles, characterization methods are needed that can either measure the protein--surface interactions in situ or depend on the extraction of the nanoparticles from the biological fluid.[7](#anie201712448-bib-0007){ref-type="ref"} To study these interactions, usually the nanomaterial is incubated in a protein solution first. During the incubation, protein adsorption on the nanomaterial surface takes place until the surface is saturated. The excess proteins will remain in solution and need to be removed from the sample when only the adsorbed proteins are to be characterized. This separation is usually performed by centrifugation and resuspension procedures, where the nanomaterials with higher density will form a pellet. With these washing steps, not only the free proteins but also proteins that are only weakly bound to the surface will be removed so that only the strongly bound, so‐called "hard" protein corona remains attached to the nanomaterial.[8](#anie201712448-bib-0008){ref-type="ref"} This corona consists of proteins with a high binding affinity and comparably long exchange times in solution. Alternatively, magnetic separation can be used, yielding presumably also some less tightly bound proteins in the corona.[9](#anie201712448-bib-0009){ref-type="ref"} Characterization methods focus on detecting the amount and type of proteins attached to a surface, providing structural information by spectroscopic techniques, and probe protein topography and dynamics. More difficult to analyze is the so‐called "soft" protein corona, which represents the weakly associated proteins. The association process of these proteins is considered to take place in the outer layers around a nanoparticle and to be completely reversible.[8](#anie201712448-bib-0008){ref-type="ref"}, [10](#anie201712448-bib-0010){ref-type="ref"} This soft corona consequently produces a different protein pattern to that of the hard corona[7](#anie201712448-bib-0007){ref-type="ref"} and can only be analyzed in the corresponding biological medium without any separation of free proteins. Accordingly, the characterization techniques available are challenging and require in situ measurements. Information can be obtained on size changes, aggregation phenomena, thermodynamics of the adsorption, and viscoelastic properties of the formed protein layers. In principle, the same differentiation can be transferred to planar surfaces where layers of proteins with higher and lower binding affinity are present. Similarly, for the characterization of interactions with proteins, some of the available techniques require the removal of free proteins and/or the surrounding medium while for other techniques, this is not necessary. Usually, protein removal from planar surfaces is achieved by washing steps, which often involve extensive rinsing. Depending on the rinsing conditions also weakly bound proteins might detach again from the interfaces and will not be included in the characterization. Therefore the terms "hard" and "soft" may also be used in terms of protein layers on planar surfaces.

In the following, an overview of the currently established methods for analyzing protein adsorption at different interfaces is given with a differentiation between the kinds of interaction (weak or strong) that are accessible. In addition, the possibilities of tackling protein structural questions with computer simulations are briefly discussed.

2.1. Characterization of High‐Affinity Proteins {#anie201712448-sec-0003}
-----------------------------------------------

### 2.1.1. Protein Quantification Assays {#anie201712448-sec-0004}

To quantify the adsorbed protein amount on both nanomaterials and planar surfaces, protein assays are probably the most used and most straightforward way to characterize protein interactions.[11](#anie201712448-bib-0011){ref-type="ref"} The basic principle of all assay types relies on the direct interaction or reaction between certain functional groups of the proteins and a reagent that subsequently produces a color change proportional to the protein concentration. For nanomaterials, protein quantification assays have been established where after adsorption and several washing steps the remaining protein amount is analyzed. The same can be done for planar surfaces with different washing techniques. The only drawback compared to nanomaterials is the much lower surface area so that higher assay sensitivity is needed. Once the not‐so‐stringently bound proteins and the supernatant have been washed away, quantitative desorption of the proteins from the nanoparticle surface is needed. This is ensured by using denaturing conditions such as heat and urea and/or solubilization by detergents such as CHAPS (3‐((3‐cholamidopropyl)dimethylammonio)‐1‐propanesulfonate)[12](#anie201712448-bib-0012){ref-type="ref"} or sodium dodecyl sulfate (SDS).[13](#anie201712448-bib-0013){ref-type="ref"} Nearly all studies aimed at determining protein adsorption assume that they have removed the bound proteins entirely. The surfactants employed regularly are used at high concentrations and can disturb the determination of the total amount of desorbed protein.[14](#anie201712448-bib-0014){ref-type="ref"} Additionally, the influence of the removal of the detergents by specific columns has not been investigated in this setup. That said, nearly all groups determine the total protein content by a colorimetric assay, such as the Lowry,[15](#anie201712448-bib-0015){ref-type="ref"} Bradford,[16](#anie201712448-bib-0016){ref-type="ref"} or BCA (bicinchoninic acid)[17](#anie201712448-bib-0017){ref-type="ref"} assay or others. The method after Bradford is based on the Coomassie stain and depends on the amount of nonpolar and cationic side groups of the proteins. BCA‐based tests are thought to be more resistant to surfactants than Bradford assays. Aside from the fact that they need to be resistant to the detergents used, their reliability when determining the total amount of different protein mixtures is also complex. Whereas the result of a Bradford assay depends on the number of nonpolar and cationic side groups of the proteins, BCA‐based assays depend on the Biuret reaction and thus the interaction with acidic side groups. With a complex mixture of proteins, the differences in the detection mechanisms should be leveled out, but when the proteome detected becomes less and less complex, recalibration with the most abundant protein is advised.

### 2.1.2. Gel Electrophoresis {#anie201712448-sec-0005}

To determine the composition of proteins forming the hard protein corona, desorbed proteins can be separated electrophoretically by so‐called sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS‐PAGE).[18](#anie201712448-bib-0018){ref-type="ref"} Proteins are denatured by the addition of SDS in large amounts and heating up to 95 °C. This procedure transforms them into elongated, uniformly charged polymers. Furthermore, reducing agents such as dithiothreitol (DTT) can be used to cleave disulfide bonds within proteins or ones linking two proteins or peptides together. In this way, any subunits that might be present will be separated. The electrophoretic mobility of such SDS‐solubilized proteins depends only on the length of the protein as the number of attached anionic SDS molecules is proportional to the number of amino acids in the chain. The meshwork of the gel then provides a preformed obstacle and thus the movement of longer protein chains is more hindered than that of shorter ones. The density of the meshwork determines the range of protein chain lengths that can be conveniently separated. Known protein standards run in the same polyacrylamide gel electrophoresis (PAGE) give information on the size of the other protein bands in the samples. To visualize the bands, a staining method needs to be employed. Coomassie blue is most widely used because it is inexpensive.[19](#anie201712448-bib-0019){ref-type="ref"} Other methods such as fluorescence[20](#anie201712448-bib-0020){ref-type="ref"} or silver staining[21](#anie201712448-bib-0021){ref-type="ref"} have a higher sensitivity, and for fluorescent stains, a better linearity over three to four log units is achieved.

Albeit a simple method, a 1D SDS gel gives a good picture of the complexity of the proteins, and with some knowledge with regard to the expected proteins, this analysis provides guidance to further analysis methods to be performed. In addition, by transferring the proteins to a nitrocellulose membrane by electroblotting or just soaking the proteins through the gel towards a nitrocellulose membrane, a classical Western blot can be performed.[22](#anie201712448-bib-0022){ref-type="ref"} Here, proteins of interest are detected with a combination of a primary and secondary antibody, with the latter being coupled to an enzyme that stains the nitrocellulose membrane at the specific site when an appropriate substrate is added. In this way, proteins of very low abundance can be detected and even quantified relative to the amount of the same protein in other samples.

Analysis is more tedious and laborious when a second dimension is added to the SDS PAGE. This is mostly done by separating the proteins according to their isoelectric point first in a 1D gel in a strip (isoelectric focusing).[23](#anie201712448-bib-0023){ref-type="ref"} By then fitting this strip to an SDS PAGE and running the second dimension, many more proteins spots can be detected.[24](#anie201712448-bib-0024){ref-type="ref"} Here, the identification is getting more complex with regard to clear determination of the proteins depicted on the gel pattern. The added dimension of isoelectric points separates isoforms and differentially glycosylated species of the same protein more distinctly. With this added complexity comes the need for a highly reproducible sample and gel preparation procedure in order to compare results. Even when the gels are run in the same chamber in parallel, direct comparison, one first needs to realign the protein spots. This is done usually with the help of computer programs.[25](#anie201712448-bib-0025){ref-type="ref"} Still, only relative results can be obtained by 2D gel electrophoresis.

To determine which protein exactly is representing the spot on a 2D gel, a further determination of the protein needs to be performed. Here, mass spectrometry has been established and is currently the gold standard.

### 2.1.3. Mass Spectrometry (MS) and Liquid Chromatography Coupled with Mass Spectrometry (LC‐MS) {#anie201712448-sec-0006}

To identify the protein of a specific spot on an SDS PAGE or a 2D SDS PAGE gel, mass spectrometry has been the most versatile method.[26](#anie201712448-bib-0026){ref-type="ref"} This method requires that a large number of spots are picked, the proteins in the spots are digested to small peptides, and then the peptides are ionized and identified in a mass spectrometer. The interesting aspect of the mass spectrometer here is that not only the mass of the whole peptide is determined. For a short time, the mass spectrometer is switched into collision mode and back again. During operation in the collision mode, the peptide is broken into pieces along its backbone, also at the peptide bond. The daughter ions represent all the N‐terminal and C‐terminal parts of the peptide to the left and right side of the broken bond. Hereby, the amino acid sequence can be reconstructed. Once protein spots have been identified on one gel and if the alignment of other gels is sufficient, spots on other gels can be assigned to certain proteins.[25](#anie201712448-bib-0025){ref-type="ref"} If there are even slight doubts whether two spots on two gels should be assigned to the same protein, protein identification with MS needs to be repeated. Although digestion and MS workup can be automated and with autosamplers also the loading of the samples into the MS is simplified, it remains to be a tedious method rarely defining more than a few hundred spots.

Here, the coupling of a separation technique directly to a mass spectrometry device was an enormous step forward. Liquid chromatography (LC) is the method of choice to be coupled to mass spectrometry (LC‐MS).[27](#anie201712448-bib-0027){ref-type="ref"} Unlike in the SDS‐PAGE‐MS setup, in the LC‐MS workflow, instead of identifying whole proteins, all proteins in a sample are digested into peptides before the separation.[28](#anie201712448-bib-0028){ref-type="ref"} Only afterwards, the peptides are separated by liquid chromatography. The amino acid sequence of the different peptides is then determined by considering the masses of the mother and daughter ions as detailed above. The daughter ions provide the forward and backward sequencing of the peptides. Then the found peptides are matched to the amino acid sequence of all known proteins of a species. This is much more complex than the identification of one protein but can be done by the use of software packages. As a result, also complex samples such as plasma with several hundreds or thousands of proteins or less complex samples such as the protein coronas of nanocarriers can be identified in a single run. As not only the masses of the peptides are known but also how many peptide ions (mother or daughter ions) were detected in the mass spectrometer, the amount of a certain protein can be quantified by averaging the three most abundant peptides of this protein.[29](#anie201712448-bib-0029){ref-type="ref"} With this, relative comparisons can be done, or, if the absolute total amount of proteins has been determined, also absolute quantifications are possible (Figure [1](#anie201712448-fig-0001){ref-type="fig"} b). With several hundreds or sometimes thousands of proteins identified, grouping of proteins into functional groups is necessary (Figure [1](#anie201712448-fig-0001){ref-type="fig"} a).

![a) Proteins identified by quantitative mass spectrometry are clustered into groups to give an overview. b) Heat maps are an appropriate help for visualizing the amount of single proteins across different conditions. Figure reproduced from Ref. [13](#anie201712448-bib-0013){ref-type="ref"}.](ANIE-57-12626-g003){#anie201712448-fig-0001}

One challenge in proteomics was that the sample amount is usually low. Because of the needs in biology and medicine, dead volume and separation columns were reduced in size.[30](#anie201712448-bib-0030){ref-type="ref"} With higher pressures and the use of electrospray ionization, now ten thousands of peptides can be identified in a 60 to 120 minute run, with multitudes of spectra being needed for the identification of one peptide. The challenge of converting MS spectra into peptides and then assigning these peptides to proteins has been accomplished through the use of bioinformatic tools and is now involving the highly parallel use of graphic processors to speed up the identification process.

While all of these technological challenges have been mastered in the last decades, sample preparation and data interpretation are crucial for further development. This begins with the protein source used for the investigations.[31](#anie201712448-bib-0031){ref-type="ref"} Native blood and plasma cannot be stored and handled outside the living body. Blood either needs the addition of an anticoagulant such as heparin or a calcium chelator or the proteins of the coagulation have to be removed. The latter is achieved by activating the coagulation cascade. The clot formed out of fibrinogen removes these proteins. The end product is then called serum. Either of these changes---removing the coagulation cascade by making serum or the anticoagulation of plasma---results in a different protein corona.[31](#anie201712448-bib-0031){ref-type="ref"} This demonstrates the need for exact descriptions of the experimental procedures in all publications.

### 2.1.4. Sum Frequency and Second Harmonic Generation (SFG and SHG) {#anie201712448-sec-0007}

Besides the quantitative ex situ techniques mentioned so far, even‐order nonlinear optical (NLO) spectroscopies have emerged as in situ probes of ordering and conformation of proteins at interfaces. The main advantages of these NLO spectroscopies over linear spectroscopies are their intrinsic surface specificity and monolayer sensitivity.

More than 100 000 protein structures are available in the protein database (PDB). Yet, not a single protein structure on a solid surface has been reported. The reason for our lack of insight into the structure and ordering of interfacial proteins can be traced back to the challenges involved in probing the extremely small amounts of proteins present at a surface. In this respect, nonlinear optical surface‐specific spectroscopies that selectively sample the solid/liquid interface are a promising approach. Specifically, sum frequency and second harmonic generation (SFG and SHG) have become reliable tools that provide surface‐specific information on proteins at interfaces. SFG and SHG owe their surface specificity to the selection rule that symmetry must be broken, which evidently applies at the phase boundary between two media.[32](#anie201712448-bib-0032){ref-type="ref"} For the past ten years, researchers in this field have been developing methods to obtain molecular‐level pictures of protein structures at surfaces. The most important questions and challenges that these methods address are summarized in Figure [2](#anie201712448-fig-0002){ref-type="fig"}: How is a protein folded on the surface and what is its orientation? Which side chains are interacting with the surface? How is the surface structured and how does hydration change in the presence of proteins? What are the roles of refolding, structural dynamics, and the flow of energy across proteins at the surface?

![Different nonlinear optical spectroscopy methods provide access to different aspects of protein--surface interactions.](ANIE-57-12626-g004){#anie201712448-fig-0002}

In an SFG experiment, infrared (IR) and visible (Vis) laser pulses are overlapped in time and space at a surface (see Figure [3](#anie201712448-fig-0003){ref-type="fig"} a), leading to the generation of photons at the sum frequency of the IR and Vis frequencies (inset in Figure [3](#anie201712448-fig-0003){ref-type="fig"} a). Vibrational information is obtained when the IR frequency is resonant with a vibrational mode (Figure [3](#anie201712448-fig-0003){ref-type="fig"} b), where the IR frequency is tuned in the amide I region that reports on the protein secondary structure. All amide regions are conformation‐sensitive and have specific signatures for α‐helix, β‐sheet, and loop structures, and the complex spectrum reflects the presence of different protein substructures at the surface. SHG is the degenerate case of SFG when only one laser beam is used and frequency‐doubled photons are generated as shown in the inset of Figure [3](#anie201712448-fig-0003){ref-type="fig"} c. Information on electronic transitions can be obtained from SHG when either fundamental or the emitted frequency‐doubled photons are resonant with an electronic transition.

![Schematic representation of nonlinear optical experiments. a) SFG spectroscopy (side view) in reflection geometry. Vis and IR beams are overlapped to detect a surface vibrational spectrum. Inset: level diagram (continuous/dotted lines indicate a real/virtual state). b) SFG spectra in the amide I region can be used to identify the folding and orientation of proteins at surfaces. The spectra show the amide I signal of the B1 domain of protein G bound to a UV‐treated polystyrene surface. The helix and sheet signals related to the protein secondary structure show that the protein is in a near‐native state. Amide I spectra collected with different laser polarizations can be used to determine the orientation of the folding motifs. c) Second harmonic generation from the surface of an ensemble of nanoparticles in scattering geometry (SHS, top view): As the detection arm rotates in the horizontal plane, different conditions of constructive and destructive interference are met. Inset: level diagram (the continuous line indicates a real state while dashed lines indicate states that can be either real or virtual). d) Example of an SHS scattering pattern: SHS intensity vs. scattering angle (red symbols: experimental data; black line: best fit) from hexanol‐covered hexadecane oil droplets (*R*=75 nm). *θ*=0 indicates the propagation direction of the fundamental beam. Modified from Ref. [33](#anie201712448-bib-0033){ref-type="ref"} with permission. Copyright 2016 American Chemical Society.](ANIE-57-12626-g005){#anie201712448-fig-0003}

Nonplanar surfaces, such as the surfaces of nanoparticles, can be probed in scattering geometry[34](#anie201712448-bib-0034){ref-type="ref"} by second harmonic scattering or sum frequency scattering (SFS and SHS, respectively), as shown in Figure [3](#anie201712448-fig-0003){ref-type="fig"} c. Similar to linear light scattering, a scattering pattern will appear as shown in Figure [3](#anie201712448-fig-0003){ref-type="fig"} d that depends on particle size, shape, composition,[35](#anie201712448-bib-0035){ref-type="ref"} and surface charge[33](#anie201712448-bib-0033){ref-type="ref"}, [36](#anie201712448-bib-0036){ref-type="ref"} as well as the nonlinear optical response from the proteins located at the surface, the information of interest. SHG from planar interfaces has previously been employed to study proteins at the air/water interface[37](#anie201712448-bib-0037){ref-type="ref"} and those interacting with a membrane.[38](#anie201712448-bib-0038){ref-type="ref"}

Detailed reviews on SFG and SHG can be found in Ref. [39](#anie201712448-bib-0039){ref-type="ref"}. Pioneering studies based on SHG[40](#anie201712448-bib-0040){ref-type="ref"} and SFG[41](#anie201712448-bib-0041){ref-type="ref"} have reported on amino acids at the air/water and oil/water interface, respectively, which has paved the way for label‐free studies of protein structure and interfacial protein hydration by these two techniques.[42](#anie201712448-bib-0042){ref-type="ref"} SFG can now determine all key aspects of protein surface structures, namely the side chain structure,[43](#anie201712448-bib-0043){ref-type="ref"} orientation, and backbone folding.[44](#anie201712448-bib-0044){ref-type="ref"} The orientation of side chains can be determined by labeling individual side chains with deuterium.[45](#anie201712448-bib-0045){ref-type="ref"} This strategy has been developed using amphiphilic LK peptides as model systems. LK peptides are composed of only two types of amino acids, hydrophobic leucine (L) and hydrophilic lysine (K). Depending on the amino acid sequence, α‐helix, 3~10~‐helix, and β‐sheet structures can be obtained, and therefore, these peptides have served as model systems to develop SFG methods to obtain information on surface‐binding leucine sites by making use of deuterium‐labeled side chain structures.[46](#anie201712448-bib-0046){ref-type="ref"} The secondary structure of interfacial proteins and information on changes in protein conformation at interfaces can be obtained by SFG in the amide regions. Complex biomolecules such as synthetic peptides or natural proteins on biologically relevant interfaces have been probed through their characteristic amide I signals,[47](#anie201712448-bib-0047){ref-type="ref"} sometimes accompanied by chiral measurements of the N−H stretch,[48](#anie201712448-bib-0048){ref-type="ref"} and the amide III signal.[49](#anie201712448-bib-0049){ref-type="ref"} The amide regions of such spectra can also be used to determine the orientation of proteins by comparing peak ratios from spectra obtained using different laser polarizations. The Chen group has developed several successful models in this context.[50](#anie201712448-bib-0050){ref-type="ref"}

As the methods described above rely on direct spectral assignments of amide modes based on published IR peak positions, the analysis is limited to smaller proteins and peptides with clear folding motifs. This difficulty of studying large proteins is also well known in the IR field, and is further complicated by the coherent nature of the SFG signal and the resulting interferences between resonant modes. To make full use of the complexity of SFG amide spectra, several groups have developed theories to directly calculate SFG spectra from simulated structures.[50a](#anie201712448-bib-0050a){ref-type="ref"},[50b](#anie201712448-bib-0050b){ref-type="ref"}, [51](#anie201712448-bib-0051){ref-type="ref"} This combination of theory and experiment has enabled the study of very large proteins on complex surfaces. This has led, for instance, to a major advance in the understanding of the biogenesis and maintenance of thylakoid membranes by showing how the IM30 protein, shown in Figure [4](#anie201712448-fig-0004){ref-type="fig"}, is oriented at the membrane surface to trigger membrane fusion in cyanobacteria and chloroplasts.[52](#anie201712448-bib-0052){ref-type="ref"}

![a) Experimental (circles) and calculated (line) SFG spectra in the amide I region of IM30 bound to a model MGDG/PG monolayer at the air--water interface. The calculated spectra match the experimental data well for upright monomer orientations. b) 3D reconstruction in an isosurface view. Note that the 3D reconstruction matches the extra electron density in size and shape, indicating perpendicular binding of IM30 to the membrane surface. Modified from Ref. [52](#anie201712448-bib-0052){ref-type="ref"} with permission. Copyright 2015 Nature Publishing Group.](ANIE-57-12626-g006){#anie201712448-fig-0004}

The next challenge in the field will be the observation of protein motions and dynamics. A very first step in this direction has been the execution of sub‐picosecond time‐resolved SFG experiments to directly quantify the reorientation of an amino acid side chain at an interface[53](#anie201712448-bib-0053){ref-type="ref"} and the energy transfer within the hydration shell of ice‐nucleating bacteria.[54](#anie201712448-bib-0054){ref-type="ref"} Future developments will be directed towards the observation of protein backbone motions, reorientation, and biochemical reactions.

Finally, protein adsorption on highly curved surfaces is, in many instances, more relevant than adsorption on planar surfaces. One advantage of SHG and SFG is that these methods do not necessarily require planar interfaces; in fact, they can be carried out in scattering mode, thus allowing the observation of interactions of molecules with nanoparticles in solution.[34](#anie201712448-bib-0034){ref-type="ref"}, [55](#anie201712448-bib-0055){ref-type="ref"} Promising results in this direction have been obtained by both SHS and SFS.[56](#anie201712448-bib-0056){ref-type="ref"} Recent advances in theory and scattering experiments have also enabled the study of soft particles such as liposomes and droplets, and show great potential in understanding the influence of charged surfaces on protein adsorption on NPs.[33](#anie201712448-bib-0033){ref-type="ref"}, [36c](#anie201712448-bib-0036c){ref-type="ref"}

### 2.1.5. Fourier Transform Infrared (FT‐IR) and Circular Dichroism (CD) Spectroscopy {#anie201712448-sec-0008}

As SFG and SHG are not yet routinely applied to nanoparticles, simpler spectroscopic techniques such as FT‐IR and CD spectroscopy are currently the state of the art to determine the structure of proteins that are bound on curved surfaces of nanocarriers in solution.[57](#anie201712448-bib-0057){ref-type="ref"} Both techniques are sensitive to the secondary structure of the protein and currently the only ones that are regularly used to judge protein denaturation upon adsorption. With FT‐IR, the absorption of the sample in the IR range (typically, wavenumbers of 1800 cm^−1^ to 1300 cm^−1^) is analyzed, where the amide bands are specific for structural elements such as α‐helices and β‐sheets.[57](#anie201712448-bib-0057){ref-type="ref"}, [58](#anie201712448-bib-0058){ref-type="ref"} In particular the "amide I band", representing the C=O stretching motion of the amide groups at 1600--1700 cm^−1^, is sensitive to the secondary structure because of potential hydrogen bonding and dipole interactions. CD spectroscopy makes use of the different adsorption of left and right circularly polarized light and the chirality of proteins and is applied in the UV range (180--320 nm).[57](#anie201712448-bib-0057){ref-type="ref"}, [59](#anie201712448-bib-0059){ref-type="ref"} Similarly, the different contributions of the typical amide group adsorption again provide information on the overall amount of α‐helix, β‐sheet, and unordered structural elements. Both techniques can in principle be applied to measure the hard and soft protein corona, meaning that the free proteins do not necessarily need to be removed from the nanocarriers. However, when free proteins are not removed, the obtained signal will be an average over the whole sample and thus result from free and adsorbed proteins at the same time. This means that the only accessible information is that a change in the protein structure did or did not occur but no quantification of structural changes is possible. In addition, very subtle changes might not be visible with this procedure. Removing the free proteins allows analyzing only the proteins with a high binding affinity, which also brings some difficulties. After washing, the protein/nanocarrier ratio is significantly decreased, which potentially results in insufficient sensitivity (because of the low protein concentration) or high sample turbidity (owing to the high nanomaterial concentration). Turbid samples are not suitable for CD spectroscopy measurements as the polarized light still needs to pass through the sample. Another problem is the absorption of additional components other than proteins in the sample when working in aqueous environments. For example, some buffers containing chloride or Tris also absorb light in the UV range so that the buffer system for the samples must be carefully chosen. Especially for physiological media, those are not the optimum sample conditions. All of those disadvantages make clear that both techniques were not originally designed to analyze proteins in the presence of other materials such as nanocarriers. For the advancement of the field, new methods are needed that tolerate high nanocarrier concentrations and the presence of other small molecules.

### 2.1.6. X‐ray Photoelectron Spectroscopy (XPS) and Time‐of‐Flight Secondary Ion Mass Spectrometry (ToF‐SIMS) {#anie201712448-sec-0009}

X‐ray photoelectron spectroscopy (XPS) and time‐of‐flight secondary ion mass spectrometry (ToF‐SIMS) have been developed into reliable tools to probe interfacial proteins.[60](#anie201712448-bib-0060){ref-type="ref"} For an XPS experiment, the sample is placed in ultrahigh vacuum and irradiated with X‐rays.[39c](#anie201712448-bib-0039c){ref-type="ref"}, [61](#anie201712448-bib-0061){ref-type="ref"} The emitted photoelectrons provide information on the elemental composition, chemical state, and surface concentration from within the top 10 nm of the surface. The chemical specificity of XPS allows for the detection of adsorbed organic layers on planar, but also nanoparticle surfaces[62](#anie201712448-bib-0062){ref-type="ref"} by tracking a distinctive element of the protein structure (normally nitrogen) or the attenuation of a surface element signal.[63](#anie201712448-bib-0063){ref-type="ref"} Although depth profiling[64](#anie201712448-bib-0064){ref-type="ref"} and imaging are also feasible by XPS, a limitation on spatial resolution due to X‐ray focusing without inducing sample damage still has to be overcome.[65](#anie201712448-bib-0065){ref-type="ref"} A spatial resolution of up to 0.1 μm and depth profiling of 1--2 nm can be achieved. An ion beam is focused on the surface, which then ejects secondary ions and clusters that generate a mass spectrum surveying molecular fragments with atomic masses of 0--10 000. ToF‐SIMS provides information on the composition, structure, and conformation of complex protein layers on planar surfaces with high sensitivity and specificity (10^7^--10^11^ atoms cm^−2^). This is achieved by bombarding a surface with a focused ion beam, inducing the emission of secondary ions whose masses are determined when reaching the detector, considering that ions with different masses but the same energy travel with different velocities.[66](#anie201712448-bib-0066){ref-type="ref"} The combination of both techniques effectively probes the orientation, secondary structure, binding chemistry, and side‐chain geometry of surface‐bound proteins, therefore aiding the development of new biomaterials.[60](#anie201712448-bib-0060){ref-type="ref"}, [67](#anie201712448-bib-0067){ref-type="ref"}

### 2.1.7. Scanning Force Microscopy (SFM) {#anie201712448-sec-0010}

Sample surfaces can be imaged and characterized in situ, that is, in the natural aqueous environment of proteins, with scanning force microscopy (SFM) methods. Thus the specific function of the proteins can be maintained. Most commonly, SFM is used to record topographic images of solid surfaces. The underlying working principle of SFM is based on scanning sample surfaces with a sharp tip, which is situated at the end of a cantilever spring (Figure [5](#anie201712448-fig-0005){ref-type="fig"} a). While scanning, the force between the tip and the sample is measured by monitoring the deflection of the cantilever. An electronic feedback loop is then used to adjust the tip--sample distance to maintain a constant tip--sample force at each pixel of an image. Thereby a contour map of the surface topography is recorded without destroying it. In general, the lateral resolution that can be obtained depends on the conditions of the sample, the geometry of the SFM tip apex, and the interaction between the two. In some cases, atomic resolution is achieved for planar samples such as calcite in liquids.[68](#anie201712448-bib-0068){ref-type="ref"} More typical for applications in soft matter science is a lateral resolution of 1--10 nm. Here, we highlight SFM as a tool to probe a) single protein recognition events, b) the distribution of proteins on surfaces, and c) the activity of protein dynamics.

![a) Schematic representation of a sharp tip that is scanned over a sample consisting of patchy colloids.[69](#anie201712448-bib-0069){ref-type="ref"} b) Single‐molecule force spectroscopy to probe the unbinding of specific molecules. Retraction of the tip leads to rupture of the bond. c) Atomically resolved structure of bacteriorhodopsin adsorbed to mica. Reprinted from Ref. [70](#anie201712448-bib-0070){ref-type="ref"} with permission from Elsevier. d) Left: Hybridized DNA molecules were measured to be less stiff than single‐stranded DNA. The stiffness difference has a binary character. Right: The binarized stiffness values (black areas) correspond to areas with double‐stranded DNA. Reprinted with permission from Ref. [71](#anie201712448-bib-0071){ref-type="ref"}.](ANIE-57-12626-g007){#anie201712448-fig-0005}

a) Binding partners can be specifically recognized by molecular force spectroscopy. Hereby one of the binding partners is immobilized on the tip and the other on the sample surface. When the tip is brought close to the sample surface, both binding partners interact. This interaction can be probed by measuring the force upon retraction of the tip (Figure [5](#anie201712448-fig-0005){ref-type="fig"} b). This method has been used to probe the potential landscape upon unfolding of proteins,[72](#anie201712448-bib-0072){ref-type="ref"} and it can be used to probe the presence of hydrogen bonds between binding partners.[73](#anie201712448-bib-0073){ref-type="ref"}

b) The lateral distribution of proteins can be measured in the topography mode. More than two decades ago, the membrane protein bacteriorhodopsin adsorbed to mica in buffer solution has been imaged (Figure [5](#anie201712448-fig-0005){ref-type="fig"} c).[70](#anie201712448-bib-0070){ref-type="ref"} Meanwhile the electronics of the SFM method have been improved, allowing for routine investigations of native membrane proteins such as ion‐driven rotors.[74](#anie201712448-bib-0074){ref-type="ref"} By combining the topography imaging mode with force spectroscopy techniques, local information about the protein distribution can be obtained. For example, Preiner and co‐workers used such a combined method with a biotinylated IgG‐functionalized tip to resolve single avidin molecules locally immobilized on mica.[75](#anie201712448-bib-0075){ref-type="ref"} Husale and co‐workers investigated the nanomechanical response of DNA molecules and extracted differences in the molecular stiffness between single‐stranded and double‐stranded DNA molecules (Figure [5](#anie201712448-fig-0005){ref-type="fig"} d).[71](#anie201712448-bib-0071){ref-type="ref"} These examples highlight that SFM is a valuable tool also to investigate the lateral distribution of functional proteins at interfaces.

c) A more compact and careful design of SFM components allows increasing the imaging speed up to video rate (30 frames per second).[76](#anie201712448-bib-0076){ref-type="ref"} Video‐rate imaging allows following the dynamics of proteins in real time.[76c](#anie201712448-bib-0076c){ref-type="ref"} A prominent example is the molecular motor motion dynamics of myosin V walking along an actin filament.[77](#anie201712448-bib-0077){ref-type="ref"}

For future developments, it is worth noting that SFM is a tool that can probe a variety of tip--surface interactions going beyond topography imaging. For example, magnetic and electrostatic imaging modes can be readily used in aqueous solutions. This may allow analyzing charge transport or studying the influence of charges on specific protein structures or functions. However, liquid electrostatic imaging depends strongly on the environmental conditions, such as ionic strength, leading to screening of charges. Screening constitutes an obstacle to study charges of molecules with atomic resolution. However, in air, charge propagation along individual pili proteins was probed using electrostatic force microscopy.[78](#anie201712448-bib-0078){ref-type="ref"}

###### 

Overview of methods used for characterizing high‐affinity proteins.

  ------------------------------------------------------------------------------------------------------------------------------------------
  Method                                                      Accessible\          Available information
                                                              protein sources      
  ----------------------------------------------------------- -------------------- ---------------------------------------------------------
  Protein quantification assays                               Protein mixtures/\   Protein amount
                                                              single proteins      

                                                                                    

  Gel electrophoresis                                         Protein mixtures     Protein pattern/identification

                                                                                    

  Liquid chromatography mass spectrometry (LC‐MS)             Protein mixtures     Protein pattern/identification

                                                                                    

  Fourier transform infrared (FT‐IR)/\                        Single proteins      Protein secondary structure on nanoparticles
  circular dichroism (CD) spectroscopy                                             

                                                                                    

  Sum frequency generation (SFG)/\                            Single proteins      Protein secondary structure, orientation, hydration
  second harmonic generation (SHG)                                                 

                                                                                    

  X‐ray photoelectron spectroscopy (XPS)/\                    Protein mixtures/\   Protein amount, secondary structure on\
  Time‐of‐flight secondary ion mass spectrometry (ToF‐SIMS)   single proteins      flat surfaces, orientation

                                                                                    

  Scanning force microscopy (SFM)                             Protein mixtures/\   Single protein interaction forces, surface topography,\
                                                              single proteins      dynamics of proteins
  ------------------------------------------------------------------------------------------------------------------------------------------
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2.2. Characterization Including Low‐Affinity Proteins {#anie201712448-sec-0011}
-----------------------------------------------------

### 2.2.1. Dynamic Light Scattering (DLS) {#anie201712448-sec-0012}

DLS is currently often used as a quick method to determine size changes of nanomaterials before and after contact with protein solutions. Usually this is done to confirm the development of a protein layer (corona) around the nanomaterial and further to estimate the layer thickness.[79](#anie201712448-bib-0079){ref-type="ref"} To determine the size or size increase of an object in solution, in DLS, the intensity fluctuation of the light scattered from diffusing species in the sample at a given angle is recorded. This count rate trace will then be converted into an autocorrelation function g~1~(t) (see Figure [7](#anie201712448-fig-0007){ref-type="fig"} for examples), describing the "self‐similarity" of the count rate trace. Smaller objects will diffuse very quickly, causing fast fluctuations of the interference pattern coming from scattered light and thus result in a low self‐similarity, that is, an autocorrelation function with a short relaxation time. Larger objects, in contrast, result in long relaxation times owing to the slow diffusion and associated interference pattern fluctuation. The autocorrelation function can then be fitted by various different algorithms to yield the diffusion coefficient(s) that can be detected. As this diffusion coefficient can depend on the scattering angle, it can be determined for several angles and afterwards extrapolated to zero. Conversion into the hydrodynamic radius is then achieved by the Stokes--Einstein equation.

In many studies, the protein layer thickness is investigated with single‐angle light scattering devices, which provide exact values only for very small particles or monodisperse large particles. Also, the values are obtained by averaging over the whole solution, ignoring the presence of polydispersity. This means that if the sample preparation and measurements are not carried out carefully, the data can easily be overinterpreted. This problem has been discussed in great detail lately by Schmidt and co‐workers, who pointed out the challenges of applying DLS especially in the area of nanomedicine.[80](#anie201712448-bib-0080){ref-type="ref"} To be able to give precise information on size changes of a nanomaterial, multiangle DLS should be performed, and special attention has to be paid to the sample preparation and data interpretation. For well‐defined systems, it can be possible to not only describe the overall size change but to obtain the protein adsorption isotherms by varying the protein concentration.[81](#anie201712448-bib-0081){ref-type="ref"} This is, however, only possible for small particles and very reproducible measurements. The determination of the thickness of a protein layer becomes more and more unprecise for larger nanocarrier systems. The method of DLS becomes less accurate for particles with an *R* ~h~ larger than 100 nm, and thus the error significantly increases. In that size range, protein layers of only a few nanometers in thickness cannot be detected anymore because of the experimental error.

The analysis can even become much more complicated when mixtures of proteins are considered as the interacting protein source. In some cases, this problem is solved by removing free proteins from the solution before the measurement. However, this always means that the remaining proteins will be "diluted" and can detach from the nanoparticle surfaces over time as long as the process is reversible. Thus this scenario is not a very close representation of true biological environments. To tackle this challenge, Schmidt et al. developed a method to determine size changes and aggregate formation in complex mixtures such as nanoparticles in concentrated blood plasma or serum (Figure [6](#anie201712448-fig-0006){ref-type="fig"}).[82](#anie201712448-bib-0082){ref-type="ref"} This method allows considering multiple diffusing species as background (such as the pure plasma and nanocarrier components) and searching for "newly" formed species of different sizes that were not detected before. The most significant advantage of this technique is that the nanomaterial and its adsorbed proteins can be characterized directly in the corresponding medium, and free proteins do not need to be removed. However, aggregates or species of larger size will always be analyzed with regard to their intensity contribution so that their true concentration (number average) can be overestimated. Thus the most meaningful information that can be obtained for a system is the fact that no large aggregates can be detected and that all size changes remain within the experimental error. This information can be used a quality control step, and as such DLS has been applied successfully.[83](#anie201712448-bib-0083){ref-type="ref"}

![The complex analysis of dynamic light scattering measurements in concentrated human serum with a method after Schmidt et al.: Autocorrelation functions *g* ~1~(*t*) for a scattering angle of 60° and corresponding fits together with the resulting residuals of a) unfunctionalized polystyrene nanoparticles yielding newly formed aggregates in human serum and b) carboxy‐functionalized polystyrene nanoparticles exhibiting no size changes in the mixture. The blue lines represent the fits corresponding to the sum of the individual plasma and nanocarrier components. The red line represents the sum of the individual components together with an additional term for aggregates. Extracted and adapted from Ref. [84](#anie201712448-bib-0084){ref-type="ref"}.](ANIE-57-12626-g008){#anie201712448-fig-0006}

As the technique is based on measuring the Brownian motion of species in solution, it cannot be applied to interaction of proteins with planar surfaces.

### 2.2.2. Fluorescence Correlation Spectroscopy (FCS) {#anie201712448-sec-0013}

FCS is a powerful tool for investigating the mobility of fluorescent species, such as small molecules, macromolecules, or nanoparticles, in various environments. The technique is based on monitoring the fluctuations of fluorescence light originating from species diffusing through a very small (\<1 μm^3^) observation volume, commonly created in confocal microscopy configuration. The Brownian diffusion of the fluorescent species in and out of the observation volume creates time‐dependent fluctuations in the detected fluorescent intensity *δI*(*t*). These fluctuations are recorded and evaluated in terms of an autocorrelation function *G*(*τ*)=1+⟨*δI*(*t*)*δI*(*t*+*τ*)⟩/⟨*I*(*t*)⟩^2^ (Figure [7](#anie201712448-fig-0007){ref-type="fig"} b). Finally, a fit with an appropriate model equation yields information on the diffusion coefficient and the hydrodynamic radius of the studied species, their concentration, fluorescence brightness, etc.[85](#anie201712448-bib-0085){ref-type="ref"} While first developed and still mostly used in molecular and cell biology,[86](#anie201712448-bib-0086){ref-type="ref"} in the last decades, FCS has found many applications in polymer, colloid, and interface science.[87](#anie201712448-bib-0087){ref-type="ref"}

![a) To‐scale drawing of a 10 nm diameter nanoparticle surrounded by albumin and a 100 nm diameter nanoparticle surrounded by albumin. The fluorescent species is in each case indicated in green, the non‐fluorescent one in blue. b) Normalized FCS autocorrelation curves measured for fluorescently labeled HSA in the absence (squares) and presence (triangles) of 100 nm diameter non‐fluorescent polystyrene nanoparticles. The arrow indicates the strong shift to smaller diffusion coefficients for proteins adsorbed on the NPs.](ANIE-57-12626-g009){#anie201712448-fig-0007}

FCS can provide important insight into protein corona formation and can be used complementary to DLS. The main difference between DLS and FCS is that FCS is based on fluorescence detection. Thus fluorescent labeling of the studied nanoparticles or proteins may be necessary. This can be considered as a certain disadvantage although fluorescent labeling protocols are well established nowadays, and various fluorescent nanoparticles and proteins are commercially available. On the other hand, the fluorescence detection is also the main advantage of FCS as it is the reason for the very high sensitivity and selectivity of this technique, which makes it particularly suited to study protein--nanoparticle interactions under both model (e.g., protein solutions) and physiological (e.g., blood serum) conditions. Only very low concentrations of labeled species are required. Here, two main approaches can be considered, as schematically shown in Figure [7](#anie201712448-fig-0007){ref-type="fig"} a.

If the protein corona is large compared to the bare nanoparticles, its formation can be studied using fluorescent nanoparticles and non‐labeled proteins. One measures the increase in the nanoparticle\'s hydrodynamic radius upon protein adsorption. Good examples for such studies are the works of Nienhaus and co‐workers[88](#anie201712448-bib-0088){ref-type="ref"} and Mukhopadhyay and co‐workers,[89](#anie201712448-bib-0089){ref-type="ref"} who used fluorescently labeled FePt nanoparticles, quantum dots, or gold nanoparticles to study the adsorption of non‐labeled proteins with FCS. Because of the very small size of the studied nanoparticles (ca. 10 nm) both groups were able to detect the formation of even a single monolayer of proteins on the nanoparticle surface. The FCS studies allowed an estimation of the equilibrium dissociation coefficients and provided information on the orientation of the adsorbed protein molecules. While these studies were performed with solutions containing only one type of protein, recently, Nienhaus and co‐workers[90](#anie201712448-bib-0090){ref-type="ref"} have extended them to a complex biofluid, human blood serum, where the fluorescence‐based selectivity of the FCS may be particularly useful. Indeed, the presence of larger species or aggregates in undiluted biofluids can complicate DLS experiments as discussed in the previous paragraph. As FCS "sees" only the fluorescent nanoparticles, it may provide more valuable insight, such as whether the nanoparticles have been incorporated into aggregates and, if so, how many nanoparticles are found per aggregate.

If the studied nanoparticles are significantly larger than the protein molecules (Figure [8](#anie201712448-fig-0008){ref-type="fig"} A), which is commonly the case when drug nanocarriers are considered, the increase in the hydrodynamic radius of the nanoparticle upon protein adsorption is too small to be detected by DLS or FCS. In such situations, the only sensitive enough experimental approach is the use of FCS and fluorescently labeled proteins.[8a](#anie201712448-bib-0008a){ref-type="ref"}, [91](#anie201712448-bib-0091){ref-type="ref"} Because of the selectivity of the technique, the binding of even a single fluorescent protein to a non‐fluorescent (at the same excitation wavelength) nanoparticle is manifested by a strong increase in the measured *R* ~h~ and can be easily detected (Figure [7](#anie201712448-fig-0007){ref-type="fig"} B). By comparing the fluorescence brightness of the nanoparticle--protein complex to that of individual protein molecules, the number of bound proteins can be estimated. By adding additional non‐labeled proteins to the solution one can also obtain information on the binding strength.[8a](#anie201712448-bib-0008a){ref-type="ref"} On the downside, care should be taken to ensure that the fluorescent labeling does not alter the protein properties in a way that may perturb interactions with the studied nanoparticles.[91b](#anie201712448-bib-0091b){ref-type="ref"}

![Typical data obtained from isothermal titration calorimetry measurements of polystyrene nanoparticles (PS‐NPs) titrated with human serum albumin (HSA). Top: Corrected heat rate of the titration. Bottom: Integrated normalized heats from each titration step corrected by the heats of dilution (filled squares) together with a fit corresponding to an independent binding model (straight line).](ANIE-57-12626-g010){#anie201712448-fig-0008}

In summary, the FCS technique is a powerful tool for studying protein--nanoparticle interactions. While the need for fluorescent labeling may pose some limitations, this is more than compensated for by the sensitivity and the selectivity of the technique. In perspective, FCS will probably be more often applied for studies under physiological conditions, that is, in undiluted serum or plasma and, with the recent developments of near‐infrared fluorescent labels and the respective instrumentation, likely in full blood.

### 2.2.3. Isothermal Titration Calorimetry (ITC) {#anie201712448-sec-0014}

ITC is a technique designed to analyze the thermodynamic parameters of reactions or binding events and as such can be used as a complementary method to obtain similar information as with FCS. In general, the measurement principle relies on the absorption or release of heat during the interaction between two compounds. This interaction can be a chemical reaction involving the formation of covalent bonds or a non‐covalent interaction such as hydrogen bonding or electrostatic forces. One compound is titrated to the other one in an isothermal environment so that heat release or absorption will result in a temperature change in the measurement cell. Consequently, the temperature will be adjusted again to match the temperature in the reference cell. The energy needed for this process gives the raw signal as an output (Figure [8](#anie201712448-fig-0008){ref-type="fig"}, top) and can then be converted into the heat change during each titration step by integration. Additionally, for each titration, the corresponding heat of dilution (e.g., titration of protein into water or buffer) has to be determined and subtracted from the adsorption heats. The result is the so‐called binding or adsorption isotherm, which can be analyzed with different mathematical models to yield the thermodynamic binding parameters (Figure [8](#anie201712448-fig-0008){ref-type="fig"}, bottom). Originally, this method was developed to characterize mainly biomolecular processes such as enzyme--substrate interactions.[92](#anie201712448-bib-0092){ref-type="ref"} This implies that optimal analysis can be provided for 1:1 interactions. However, over the last years, the application of ITC for protein adsorption measurements has become more prominent.[93](#anie201712448-bib-0093){ref-type="ref"} As a characterization tool for the analysis of the processes going on when proteins interact with a specific surface, the calculated thermodynamic parameters can be extremely helpful.

Owing to the measurement principle in standard ITC devices, only solutions or suspensions can be filled into the measurement cell, which limits the method to investigations of proteins at curved surfaces/nanoparticles. With more advanced ITC devices, it is in principle possible to use cells that can be opened up so that pieces of planar substrates can be inserted. This would enable monitoring the protein adsorption also on materials other than nanocarriers as long as sufficient mixing of the solution can be ensured.

In general, three different parameters can be obtained from an adsorption experiment: the free adsorption enthalpy Δ*H*, the stoichiometry *n* of the adsorption, and the binding affinity *K* ~a~ of the corresponding protein. From those parameters, the Gibbs free energy Δ*G* and from that entropy change Δ*S* as well as the heat capacity can additionally be calculated. The adsorption process can then be characterized in terms of the driving force (enthalpy vs. entropy), and the binding strengths of different proteins towards a certain nanomaterial can be compared. The determined adsorption enthalpy describes the sum of all processes requiring and releasing energy during the adsorption process. This includes electrostatic interactions, hydrogen bonds, and van der Waals forces.[94](#anie201712448-bib-0094){ref-type="ref"} Thus Δ*H*\<0 means that the adsorption process is driven by an energy gain (energy is released in the form of heat) as exemplarily shown in Figure [9](#anie201712448-fig-0009){ref-type="fig"} with Δ*H*≈−300 kJ mol^−1^. In contrast, the determined entropy change Δ*S* indicates whether the total order of the system increases or decreases. In principle, the adsorption of proteins from the solution onto a surface results in a more ordered system. However, the more hydrophobic the surface material and parts of the protein are, the more water molecules from both hydration shells will be released back into the solution, allowing for hydrophobic interactions. Accordingly, the entropy of the system increases.[94](#anie201712448-bib-0094){ref-type="ref"} Importantly, this means that from information on the driving force of the adsorption, the main interaction mechanism (enthalpy gain: electrostatic interactions; entropy gain: hydrophobic interactions) can be concluded.

![Adsorption profiles of A) BSA and B) fibrinogen onto CH~3~ (Ο) and OH (Δ) terminated surfaces as measured with QCM‐D. Insets show the derivative plots of the corresponding adsorption profiles. Schematic representations of C) a globular protein, such as BSA, whose conformation may change upon surface adsorption, and D) a rod‐like protein, such as fibrinogen, which first adsorbs and later can rearrange to increase protein--protein interactions and the surface density of the protein. Figure adapted from Ref. [99a](#anie201712448-bib-0099a){ref-type="ref"}.](ANIE-57-12626-g011){#anie201712448-fig-0009}

The binding strength between a protein and surface is expressed by the adsorption constant *K* ~a~ or its inverse, the dissociation constant *K* ~d~. The range for *K* ~a~ accessible by ITC is around 10^3^--10^9^ L mol^−1^. This means that also proteins with very low binding affinities can be detected. Thus an enormous advantage of the technique is that the soft protein corona can be analyzed. The free proteins do not have to be separated so that also the weak protein binding forces are not being disturbed. Therefore, proteins can be detected in the corona of nanocarriers that cannot be found with other techniques. Additionally, compared to FCS, none of the components need to be labeled. In some cases, however, it can happen that the protein interaction with the nanomaterial is heat‐neutral at the desired temperature so that no signal can be obtained. Normally, this problem can be solved by changing the measurement temperature. However, when the adsorption parameters for a certain temperature are required, other methods have to be used to calculate adsorption isotherms. This also applies to the case when the obtained heats do not result in an adsorption isotherm with a sigmoidal curve. In that case, the data can still be fitted but the fit will result in random numbers because often no initial plateau can be found in the data.

Most of the time, the adsorption parameters are obtained from the so‐called independent binding model.[95](#anie201712448-bib-0095){ref-type="ref"} This binding model needs the concentrations of both interaction partners as an input so that only pure proteins---and no protein mixtures---can be analyzed. Unfortunately, sometimes the molar concentration of the nanocarriers is difficult to determine owing to polydispersity or the fact that they are hollow spheres. The model relies on the assumption that all interactions between proteins and nanomaterial are independent, meaning that already bound proteins do not change the binding affinity of the following proteins. Another assumption is that the adsorption is considered to be reversible so that the system will reach equilibrium. This might not be the case for all adsorption processes, especially when protein denaturation is involved. In addition, the model does not consider protein--protein interactions, or, in other words, it cannot describe a system where the binding affinity changes during the adsorption process. Ballauff and co‐workers have developed a new model that takes those changing (or intrinsic) binding affinities into account for the interaction of proteins with hydrogel nanoparticles.[96](#anie201712448-bib-0096){ref-type="ref"}

For a detailed understanding of the thermodynamic properties of a certain system, the model needs to be modified. However, this has to be done for each new system so that thus far, fast analysis is only possible with the standard data analysis models. The development of new standard models would significantly contribute to the advancement of the technique and its application for studying protein interactions with nanocarriers.

### 2.2.4. Quartz Crystal Microbalance with Dissipation Monitoring (QCM‐D) {#anie201712448-sec-0015}

QCM‐D is a powerful tool to study interactions between proteins and surfaces. In QCM‐D, a quartz crystal is placed between two electrodes under an alternating current, which causes the crystal to oscillate at its resonance frequency *f*. The resonance frequency decreases as more mass binds to the crystal surface. When the alternating current is turned off, the oscillations decay at a rate that depends on the dissipative properties of the adsorbed layer. Hence, QCM‐D provides a label‐free method that enables real‐time monitoring of dynamic interactions between proteins and surfaces, including changes in protein conformation. The changes in frequency *f* and dissipation *D* can be fitted to obtain the hydrated mass of the adsorbed protein layer with nanogram sensitivity and the viscoelastic properties of the film, including its viscosity, density, and thickness.[97](#anie201712448-bib-0097){ref-type="ref"} QCM‐D has been used in numerous examples to investigate the protein adsorption and desorption kinetics to planar surfaces.

The fact that QCM‐D is a label‐free method allows for comparing the adsorption of different proteins to planar surfaces and provides an understanding of how parameters such as protein charge, molecular weight, and buffer conditions influence the adsorbed layer.[98](#anie201712448-bib-0098){ref-type="ref"} Such studies have revealed that some proteins such as BSA have quick and one‐step adsorption kinetics while many extracellular matrix proteins such as fibronectin and fibrinogen display more complex adsorption behavior and undergo conformational rearrangement on the surface over time (Figure [9](#anie201712448-fig-0009){ref-type="fig"}).[99](#anie201712448-bib-0099){ref-type="ref"} On the other hand, QCM‐D crystals can be flexibly modified to investigate how surface properties alter protein adsorption as well as the resulting viscoelastic consequences.[100](#anie201712448-bib-0100){ref-type="ref"} For example, Hemmersam and co‐workers demonstrated that fibronectin forms denser and softer films on gold surfaces than on Ti and Ta oxide.[100b](#anie201712448-bib-0100b){ref-type="ref"} In another study, Kushiro and co‐workers revealed using QCM‐D that fibronectin formed soft or rigid films depending on the functional groups on the surface and that cell adhesion to these fibronectin films did not correlate with the fibronectin surface density but with the unfolding of the protein, which exposes the RDG motif.[99b](#anie201712448-bib-0099b){ref-type="ref"}

The real‐time monitoring provided by QCM‐D allows looking at desorption and displacement kinetics in adsorbed protein layers and differentiate between reversible and irreversible binding. For instance, such studies have revealed that the unspecific binding of BSA to PEG‐modified surfaces can block subsequent fibrinogen binding.[101](#anie201712448-bib-0101){ref-type="ref"} Complementarily, the same study revealed that BSA can remove some unspecifically bound fibrinogen from PEG‐modified surfaces. This has important implications for the design of biocompatible materials towards the prevention of unwanted blood clot formation. Similarly, QCM‐D studies have revealed that the mussel adhesive protein mpf‐3 can increase the adsorption of collagen type‐1 on TiO~2~ surfaces, which can potentially increase their biocompatibility.[102](#anie201712448-bib-0102){ref-type="ref"}

QCM‐D, which gives the hydrated mass in the adsorbed layer and its viscoelastic properties, can be used in combination with other techniques such as ellipsometry and surface plasmon resonance (SPR), which measure the dry mass of the adsorbed protein film. These complementary parameters are in particular useful to investigate the hydration of adsorbed proteins films and conformational changes in them upon reactions in these films such as cross‐linking. Höök and co‐workers revealed in a time‐resolved adsorption study of the mussel adhesive protein mepf‐1 with QCM‐D, SPR, and ellipsometry that upon adsorption, a 20 nm thick extended highly hydrated film is formed. Upon cross‐linking with NaIO~4~, the protein film collapsed to 5 nm and became more compact and less water‐rich, while the dry mass increased slightly.[103](#anie201712448-bib-0103){ref-type="ref"} Overall, these examples illustrate that QCM‐D provides unique insight into protein adsorption, desorption, and conformational changes on planar surfaces and can quantify the hydrated mass and viscoelastic properties of the protein layer in a label--free manner.

###### 

Overview of methods also used for characterizing low‐affinity proteins.

  -----------------------------------------------------------------------------------------------------------------------
  Method                                        Utilized protein sources   Available information
  --------------------------------------------- -------------------------- ----------------------------------------------
  Dynamic light scattering (DLS)                Protein mixtures/\         Size (changes)/\
                                                single proteins            aggregation detection/\
                                                                           intensity fractions

                                                                            

  Fluorescence correlation spectroscopy (FCS)   Protein mixtures/\         Size (changes)/\
                                                single proteins            concentration determination, stoichiometry/\
                                                                           binding affinity

                                                                            

  Isothermal titration calorimetry (ITC)        Single proteins            Protein binding affinity/stoichiometry/\
                                                                           interaction driving forces\
                                                                           (enthalpy and entropy contribution)

                                                                            

  Quartz crystal microbalance\                  Protein mixtures/\         Hydrated mass of protein films,\
  with dissipation monitoring (QCM‐D)           single proteins            properties of viscoelastic protein films
  -----------------------------------------------------------------------------------------------------------------------

Wiley‐VCH Verlag GmbH & Co. KGaA

2.3. Multiscale Simulations of Protein Folding at an Interface {#anie201712448-sec-0016}
--------------------------------------------------------------

Particle‐based computer simulations offer unique insight into the molecular mechanisms associated with complex phenomena such as proteins adsorbing at an interface. The complexity of many biomolecular systems strongly limits the capabilities of all‐atom simulations---in which all atoms are explicitly represented---even with today\'s computational standards. As an example, protein folding simulations, which require significant structural rearrangements of both the protein and its environment, are notoriously demanding. Coarse‐grained models lump several atoms into one larger particle or bead and thereby provide significant computational speedup, owing to a smoother energy landscape, at the expense of reduced chemical detail.[104](#anie201712448-bib-0104){ref-type="ref"} Regarding the description of protein--interface interactions, certain coarse‐grained models aim at modelling structure formation: Given an amino acid sequence, the environment, and the thermodynamic state point, which conformations will be sampled (e.g., α‐helix, β‐sheet, or random coil)? The exact folding of the protein chain into the correct major conformations requires a coarse‐grained model that captures the essential physics governing the free‐energy landscape of the system. A few models have demonstrated the ability to fold simple sequences without prior information about the native state.[105](#anie201712448-bib-0105){ref-type="ref"}

The presence of an interface compounds the computational challenge of equilibrating the system, making coarse‐grained models all the more appealing. A small number of models have tackled proteins at an interface, most of them focusing on lipid membranes. For instance, the coarse‐grained peptide‐lipid PLUM model is capable of stabilizing small model transmembrane helices, and reproduce not only structural features (e.g., tilt angle), but also thermodynamic aspects.[106](#anie201712448-bib-0106){ref-type="ref"} The model has also been shown to be capable of folding simple sequences in the membrane, such as a two‐helix‐forming peptide from a bacteriophage, in good agreement with NMR experiments.[107](#anie201712448-bib-0107){ref-type="ref"} Interestingly, folding in the aqueous environment predicts a very different fold: a three‐helix bundle. The different folds illustrate that the model is capable of stabilizing different structures in different environments. As a result, it is capable of providing insight into protein structure and stability close to an interface. Another approach that can be easily extended to proteins at interfaces combines all atom‐ and particle‐based coarse‐grained regions with an elastic network description of the overall protein within one simulations setup.[108](#anie201712448-bib-0108){ref-type="ref"}

3. Current Advances and Challenges: From Unspecific to Specific Interactions {#anie201712448-sec-0017}
============================================================================

3.1. Suppressing the Interactions between Proteins and Surfaces {#anie201712448-sec-0018}
---------------------------------------------------------------

The increased number of biomedical devices employed (e.g., prosthetic implants, heart stents, pacemakers, central valves, urinary catheters, sensors) has benefited human life quality and duration. An interface between the biological fluids and synthetic surfaces exhibiting higher free Gibbs energy is formed, thus thermodynamically there is a tendency for molecules such as proteins to adsorb to these devices.[109](#anie201712448-bib-0109){ref-type="ref"} Nonspecific adsorption of proteins yields a loss in diagnostic tool sensitivity, platelet activation, and thrombus formation,[110](#anie201712448-bib-0110){ref-type="ref"} or even leads to the generation of bacterial biofilms.[111](#anie201712448-bib-0111){ref-type="ref"} Such biofilms determine not only the failure of systems but also the concomitance of nosocomial infections and deaths.[112](#anie201712448-bib-0112){ref-type="ref"}

Interactions between the host body and inserted devices are complex and dynamic processes mediated through hydrogen bonding, van der Waals forces, and hydrophobic and electrostatic interactions.[99a](#anie201712448-bib-0099a){ref-type="ref"}, [110](#anie201712448-bib-0110){ref-type="ref"}, [113](#anie201712448-bib-0113){ref-type="ref"} In the design of biocompatible materials resisting biofouling, the adsorption process needs to be understood, and thus the biomatter (structure, size) as well as the surface characteristics (chemistry, charge, topography, and wettability) shall be considered. As reviewed by Song and Mano, the wetting characteristics of surfaces play a key role.[113b](#anie201712448-bib-0113b){ref-type="ref"} Immobilizing hydrophilic or amphiphilic polymers is a commonly used method. In the first group, the gold standard is poly(ethylene glycol) (PEG), while in the second we can find poly(zwitterions). Both approaches base their action on the formation of a strongly adhered hydration layer that exerts steric repulsion against proteins or cells. Unfortunately, both polymers can undergo oxidation, leading to a decrease in efficiency.[4](#anie201712448-bib-0004){ref-type="ref"}, [114](#anie201712448-bib-0114){ref-type="ref"}

A promising route to hinder protein adsorption relies on the use of superhydrophobic surfaces. Motivated by the Lotus leaf effect, roughening a low‐surface‐energy material promotes the entrapment of air between protrusions in the so‐called Cassie--Baxter wetting state (Figure [10](#anie201712448-fig-0010){ref-type="fig"}).[115](#anie201712448-bib-0115){ref-type="ref"} This reduces the interfacial contact area between a drop and the surface and facilitates the removal of eventually adsorbed proteins, microorganisms, or pollutants by the mobile drops.

![A) SEM image of triple‐scaled surfaces (scale bar: 1 μm). B) Protein adsorption on smooth control, single (‐S), dual (‐D), and triple scaled (‐T10, ‐T40, corresponding to the size of nanometric silica particles) structured surfaces before and after (‐Rf) fluorination. Figure extracted and adapted from Ref. [120a](#anie201712448-bib-0120a){ref-type="ref"}. C) Sketch of the defined critical dimension to achieve the Cassie--Baxter state. D) Protein adsorption results for fluorocarbon‐terminated superhydrophobic surfaces under static and flow conditions. SEM images of micro‐ and nanometer patterns are shown as insets (scale bars: 10 μm and 800 nm, respectively). Extracted and adapted from Ref. [121](#anie201712448-bib-0121){ref-type="ref"}.](ANIE-57-12626-g012){#anie201712448-fig-0010}

Yet, there is still no common agreement on the role of surface roughness and periodicity. Hochbaum and Aizenberg presented a study on surface topography impact on *Pseudomonas aeruginosa* ordering using patterns with a similar length scale to that of the bacterial cells.[116](#anie201712448-bib-0116){ref-type="ref"} Upon changing the chemistry, mechanical properties, and characteristic length scales (size, pitch, periodicity, symmetry), the interactions between the bacteria and the surface significantly changed. Furthermore, Scopelliti and co‐workers prepared nanostructured titanium surfaces to evaluate fibrinogen, bovine serum albumin (BSA), and streptavidin adsorption by fluorescence photobleaching quantification.[117](#anie201712448-bib-0117){ref-type="ref"} The authors concluded that the nanoscale morphology and pore distribution of biomaterials can control the amount of adsorbed protein as they can nucleate in pores exceeding a certain aspect ratio threshold. In another work, Cai and co‐workers used nanoscale titanium films prepared by electron beam evaporation (surface roughness varying from 1.9 up to 224.9 nm depending on the evaporation rate) to check BSA and human serum fibrinogen adsorption after 30 min of incubation, as well as osteoblast cell proliferation.[118](#anie201712448-bib-0118){ref-type="ref"} Their results revealed little effect of roughness, in contrast to the findings of Galli and co‐workers, who reported a dependence of protein A, immunoglobulin G, and F‐actin adsorption on silicon and titanium nanostructures.[119](#anie201712448-bib-0119){ref-type="ref"}

Zhao et al. fabricated superhydrophobic surfaces by layer‐by‐layer deposition of raspberry‐like hydrophobized silica particles with a hierarchy of single, dual, and triple roughness (Figure [10](#anie201712448-fig-0010){ref-type="fig"} A).[120](#anie201712448-bib-0120){ref-type="ref"} Non‐specific adsorption of a 1 mg mL^−1^ solution of bovine serum albumin (BSA) incubated for 1 h was evaluated through the bicinchoninic acid (BCA) assay, showing a decrease in adsorption of up to 90 % (Figure [10](#anie201712448-fig-0010){ref-type="fig"} B). To extend the study to physiological flow conditions, Koc and co‐workers evaluated the adsorption of a 3 mg mL^−1^ BSA solution onto superhydrophobic surfaces in a fluorimetric assay (Figure [10](#anie201712448-fig-0010){ref-type="fig"} C, D).[121](#anie201712448-bib-0121){ref-type="ref"} The authors studied the effect of roughness (smooth, micro‐, and nanoscale) and chemistry (hydrocarbon‐ and fluorocarbon‐terminated) on protein adsorption after 1 h of incubation. The effect of shear forces on protein desorption was determined by subsequent flushing with buffer solution at a flow rate of 20 mL min^−1^. The results showed that superhydrophobicity did not completely suppress protein adsorption (Figure [10](#anie201712448-fig-0010){ref-type="fig"} D). However, under flow conditions, the amount of adsorbed protein was close to the technique detection limit. This fact indicates that the water‐repellent wetting state reduces the binding strength of proteins on surfaces to such an extent that low shear forces can be sufficient to induce desorption.

In the design of biomaterials in contact with blood, platelet activation and clotting mediated through pre‐adsorbed proteins should be considered. Sun and co‐workers developed water‐repellent surfaces made out of carbon nanotubes, observing lower platelet adhesion.[122](#anie201712448-bib-0122){ref-type="ref"} Going a step further, Paven and co‐workers coated metallic meshes with a superamphiphobic (i.e., repelling water and low‐surface‐tension liquids) candle‐soot‐based coating for blood‐compatible materials.[123](#anie201712448-bib-0123){ref-type="ref"} The coating presents a fractal‐like structure made out of nanosized silica beads functionalized with a perfluorosilane. In this first study, the superamphiphobic materials were found to be low‐fouling, showing protein concentrations in the range of μg cm^−2^, the detection limit of the employed colorimetric Pierce‐660 assay. Unlike plain metallic mesh immersed into blood, no adsorption of proteins or cells was observed by scanning electron microscopy. Still, fibrinogen concentrations of 5--10 ng cm^−2^ can already trigger platelet activation.[124](#anie201712448-bib-0124){ref-type="ref"} Thus, for a biomaterial to be considered non‐fouling, lower limits should be accomplished.

We therefore recently determined BSA and human serum concentrations on smooth, micro‐, and nanoscaled silica surfaces by means of surface‐sensitive and label‐free X‐ray photoelectron spectroscopy (XPS) and time‐of‐flight secondary ion mass spectrometry (ToF‐SIMS) techniques.[60c](#anie201712448-bib-0060c){ref-type="ref"} Importantly, protein adsorption might reduce the liquid repellency of surfaces. In the worst case, superhydrophobicity might break down, resulting in complete wetting of the surface by the protein solution. Loss of superhydrophobicity increases the contact area, favoring binding of the proteins to the surface. To investigate the effect of time on protein adsorption, we exposed the samples to a 1 mg mL^−1^ BSA solution for 2 or 24 h, which is much longer than in previous experiments and represents the time required to start adsorption kinetics of proteins at such concentration. After rinsing with a buffer solution, the level of proteins on the superamphiphobic coatings (Figure [11](#anie201712448-fig-0011){ref-type="fig"} B), calculated through the N 1s photopeak, was set below the detection limit of 2 ng cm^−2^ (Figure [11](#anie201712448-fig-0011){ref-type="fig"} C). We performed a comparison with superhydrophobic surfaces, possessing hydrophilic top faces and hydrophobic side walls (Janus pillars,[125](#anie201712448-bib-0125){ref-type="ref"} Figure [11](#anie201712448-fig-0011){ref-type="fig"} B). The protein solution partially rests on the top faces and partially on the air cushions formed between the pillars. The larger top faces allowed for protein adsorption, and thus nitrogen was detected (Figure [11](#anie201712448-fig-0011){ref-type="fig"} C). These data suggests that super‐protein repellency arises from the coupled effect of nanofeatures (reducing accessible areas) and the mobile air cushion between protein solution and solid surface (Figure [11](#anie201712448-fig-0011){ref-type="fig"} D, E).

![SEM images of liquid‐repellent A) superamphiphobic and B) amphiphilic Janus pillars. C) Emission peak of nitrogen centered at 402 eV. D) Interaction of a protein aqueous solution with a superamphiphobic coating preserving a mobile air layer, as confirmed by E) laser scanning confocal microscopy. Extracted and adapted from Ref. [60c](#anie201712448-bib-0060c){ref-type="ref"}.](ANIE-57-12626-g013){#anie201712448-fig-0011}

3.2. Control of Protein Binding through External Stimuli {#anie201712448-sec-0019}
--------------------------------------------------------

Controlling protein adsorption to surfaces through changes in the environmental conditions such as temperature, pH, and light is an aspect of strong research activity. It has important implications in the areas of drug delivery, biosensing, and cell--material interactions. Many efforts have concentrated on the development of smart materials that respond to external stimuli for the controlled release of proteins, specific protein immobilization, and the micropatterning of proteins.

In an early report, a pH‐responsive poly(acrylic acid) (PAA) layer was used to control the adsorption of cytochrome c.[126](#anie201712448-bib-0126){ref-type="ref"} Changing the pH resulted in a change in the electrostatic interactions between PAA and cytochrome c, which affected the extent of protein adsorption on PAA brushes. Not only PAA but also other polyelectrolyte brushes were used for pH‐controlled protein adsorption.[127](#anie201712448-bib-0127){ref-type="ref"}

Temperature‐responsive materials such as PNIPAM were also used to control protein adsorption. Jiang and co‐workers used temperature‐responsive PNIPAM‐grafted surfaces to control the adsorption of BSA with temperature. At temperatures above the LCST, the grafted layer dehydrates and shrinks, and BSA can bind through hydrophobic interactions. Upon cooling, the grafted PNIPAM layer is hydrated and extended outwards, leading to the desorption of BSA. Further modifications of BSA with cell adhesion molecules in this setup were subsequently used to control cell attachment and detachment with temperature.[128](#anie201712448-bib-0128){ref-type="ref"} Similarly, temperature‐sensitive PEG films were used to modulate biotin exposure in the film and the binding of streptavidin to biotin with temperature.[129](#anie201712448-bib-0129){ref-type="ref"}

Light‐responsive surfaces are particularly attractive for precise control over protein adsorption because they provide high spatiotemporal resolution. Therefore, light‐controlled protein interactions have been particularly useful for the photopatterning of proteins into micropatterns. Photosensitive molecule classes that have been employed to construct photoresponsive surfaces are azobenzene, *o*‐nitrobenzil derivatives, photoswitchable proteins, and ruthenium complexes.

Azobenzenes, which reversibly isomerize between the *trans* and *cis* forms upon illumination with UV and visible light, can be used to alter surface priorities. Zhang and co‐workers used this concept to alter the adsorption of BSA to multilayer azobenzene films and found that more BSA absorbed on the *trans* film than on the *cis* film.[130](#anie201712448-bib-0130){ref-type="ref"} Abell and co‐workers attached an α‐chymotrypsin inhibitor to an azobenzene‐modified surface to alter protein adsorption with light.[131](#anie201712448-bib-0131){ref-type="ref"} In their design, the *trans* isomer weakly binds with α‐chymotrypsin while the *cis* isomer is a stronger binder of α‐chymotrypsin.

Another compound group usually used for photocontrolled protein adsorption consists of *o*‐nitrobenzil derivatives. Complementary to the approaches that rely on nonspecific interactions between proteins and substrates, many of these rely on specific interactions between proteins and substrates. In general, these are based on photocleavable caging groups such as nitrobenzyl, 3,5‐dimethoxybenzoin esters, and nitrodibenzofuran, which at first block interactions and later can be removed upon illumination to restore activity.[132](#anie201712448-bib-0132){ref-type="ref"} Thus far, glutathione and biotin have been caged with photocleavable groups to control the interaction with GST‐tagged and streptavidin‐tagged proteins, respectively.[133](#anie201712448-bib-0133){ref-type="ref"} Additionally, the Ni^2+^‐mediated interaction between polyhistidine‐tagged (His‐tagged) proteins and nitrilotriacetic acid (NTA) has been transformed into a light‐dependent interaction either by incorporating a photocleavable amino acid into the His tag or by introducing a photocleavable functional group between the NTA and the substrate.[134](#anie201712448-bib-0134){ref-type="ref"} The light‐activated interaction between His‐tagged proteins and Ni^2+^‐NTA groups has been used to orthogonally micropattern multiple proteins by sequentially illuminating different areas and combining this interaction with other specific protein--protein interactions.[135](#anie201712448-bib-0135){ref-type="ref"}

The above‐mentioned systems use UV light to control protein adsorption. UV light is problematic for biomedical applications because it may cause protein damage and it cannot penetrate deeply into tissue. To overcome these problems, upconverting nanoparticles and photoswitchable proteins have been used to fabricate substrates for photocontrolled protein binding. Upconverting nanoparticles can convert near‐infrared light into UV or visible light, which can induce photoreactions of conventional photosensitive compounds (Figure [12](#anie201712448-fig-0012){ref-type="fig"}).[136](#anie201712448-bib-0136){ref-type="ref"} Proteins are linked to an upconverting‐nanoparticle‐decorated substrate via blue‐light‐cleavable Ru complexes. When the substrate is irradiated with NIR light under a photomask, upconverting nanoparticles convert the NIR light into blue light in the exposed areas. This induces cleavage of the Ru complexes and release of the proteins. Photon upconversion lithography could be an approach for the patterning of biomaterials other than proteins. We envision using photon upconversion lithography to fabricate patterned extracellular matrices, control the migration of cells, and guide the development of neurons. More recently, the blue‐light‐dependent interaction between the proteins iLID and Nano has been used to photopattern proteins on membranes.[137](#anie201712448-bib-0137){ref-type="ref"} In this approach, one of the interaction partners, iLID, was anchored to the membrane so that a Nano‐fused protein of interest could be specifically recruited under noninvasive low‐intensity blue light. As the iLID--Nano interaction is reversed in the dark, these protein patterns are reversible and dynamic, capturing key features of protein patterns in nature.

![a) Schematic representation of photon upconversion lithography (PUCL) for the patterning of proteins. Note: Poly(ethylene glycol), co‐grafted with Ru complexes on the upconverting nanoparticles (UCNPs), is not shown for clarity. b) Confocal laser scanning microscopy image of a protein pattern fabricated using PUCL. Reproduced with permission from Ref. [136](#anie201712448-bib-0136){ref-type="ref"}. Copyright 2015, Wiley‐VCH Verlag GmbH & Co. KGaA.](ANIE-57-12626-g014){#anie201712448-fig-0012}

3.3. Understanding and Predicting the Specificity of the Protein Corona around Nanocarriers {#anie201712448-sec-0020}
-------------------------------------------------------------------------------------------

Up to several hundred proteins can be identified in the protein corona of nanoparticles by proteomics based on liquid chromatography coupled to mass spectrometry (LC‐MS).[138](#anie201712448-bib-0138){ref-type="ref"} It can be calculated that the less abundant ones in these lists are not even present on every nanoparticle. Therefore, the race for longer lists of proteins is not going to progress our understanding of the protein corona. Even when the lists of identified proteins are shortened to the most relevant ones, the lists still remain complex.[13](#anie201712448-bib-0013){ref-type="ref"} The different proteins involved appear to be unspecifically adsorbed, but clearly they are not present at random. The same proteins will be identified on the same nanocarriers when the experiment is repeated. Small changes in the nanoparticle surface, such as the presence of traces of surfactants, can widely influence the protein corona.[139](#anie201712448-bib-0139){ref-type="ref"} Therefore the notion of "unspecific" versus "specific" is more about the lack of understanding of the pattern of proteins attracted and the consequences for colloidal stability,[84](#anie201712448-bib-0084){ref-type="ref"} biodistribution,[140](#anie201712448-bib-0140){ref-type="ref"} and intracellular uptake and trafficking.[141](#anie201712448-bib-0141){ref-type="ref"} The protein coat of a given nanoparticle is specific to it even if we did not intend it and if we cannot fully control it yet.

We are just starting to predict the proteins adsorbed and consequently the biological impacts.[142](#anie201712448-bib-0142){ref-type="ref"} Here, nanocarriers with one highly predominant protein help to gain a first understanding. This has recently been demonstrated for explaining the "stealth effect". Nanocarriers as well as technical surfaces are readily recognized by the immune system as proteins such as immunoglobulins or complement factors adsorb to these surfaces. Then immune cells try to eliminate these marked foreign substances. Modifications of surfaces have been established that do not result in immune recognition by these mechanisms---this has been termed the "stealth effect/property".[143](#anie201712448-bib-0143){ref-type="ref"} Poly(ethylene glycol) (PEG) has been the prototype of these surface modifications. Anti‐fouling, protein‐repellent, and anti‐uptake properties were attributed to PEG as a coating material.[144](#anie201712448-bib-0144){ref-type="ref"} For decades, the mere reduction in the total amount of adsorbed protein was thought to be the decisive feature. We then found that for nanoparticle surfaces with a PEG modification, one specific protein is highly predominant when exposed to blood plasma: Clusterin, also known as apolipoprotein J, was found to make up up to 70 % of the total protein content in the hard corona of these nanoparticles.[13](#anie201712448-bib-0013){ref-type="ref"} These findings showed that neither is PEG completely protein‐repellent nor does PEG itself hide nanocarriers from the phagocytotic cells in the body. Based on this insight, the adsorbed clusterin is likely to be responsible for the stealth effect. In addition, this is the reason why other materials with a suspected stealth effect can now be screened, and proteins such as apolipoprotein AI or AIV have been found to be also responsible for a stealth effect and can substitute clusterin in its function.[13](#anie201712448-bib-0013){ref-type="ref"} Additionally, by varying the chemical structure of the polymers used for stealth functionalization, it was shown that the hydrophilicity of the chains (and thus the material available for interaction) plays a key role in mediating the specific enrichment of stealth proteins: The higher the polymer hydrophilicity, the more clusterin and apo A I proteins were found in the corona.[145](#anie201712448-bib-0145){ref-type="ref"}

With these results, computer simulations can be used to understand the molecular interaction of PEG with clusterin and other proteins.[142](#anie201712448-bib-0142){ref-type="ref"} Hereby, the list of adsorbed proteins can be correctly predicted. We should keep in mind that the proteins absorbed probably attract secondary proteins, which interact with the previously adsorbed layer.[146](#anie201712448-bib-0146){ref-type="ref"} Such theoretical interaction analyses will also help to understand and dissect the more loosely bound proteins of the soft corona, for which the interaction with the first protein coat---the hard corona---is probably more important.

It is also conceivable that denaturation plays an important role for adsorption and whether the decorated surfaces are then recognized as foreign: On the one hand, for many surfaces, hydrophobic interactions are predominating the adsorption effect as described above (see ITC). As proteins usually cover up their hydrophobic parts inside the 3D structure of the folded protein, such an interaction changes the whole tertiary structure and therefore exposes the hydrophobic regions of the protein to the outside. This will also promote the recognition of the decorated surfaces as foreign. On the other hand, stealth‐like polymers and surfaces will probably interact with the proteins through van der Waals forces, electrostatic interactions, and hydrogen bonds. This will less likely result in the unfolding of the protein and therefore will reduce the immune recognition. Protein denaturation will also determine whether the adsorption process itself is reversible. If significant structural changes are involved, this usually results in irreversible binding. For only slight changes, proteins might be able to fold back so that the adsorption process still represents an equilibrium. As a result, the structural elements of the protein and the nanocarrier material determine whether desorption can occur in a dynamic environment such as the blood stream.

3.4. Imparting Function by Protein Corona Engineering {#anie201712448-sec-0021}
-----------------------------------------------------

### 3.4.1. Uptake and Intracellular Trafficking: Partners for the Protein Corona on and in Cells {#anie201712448-sec-0022}

Ultimately, the goal of using nanocarriers in medicine is to deliver a cargo to a specific organ, cell, or even to a specific intracellular site. This is where the adsorbed proteins are most crucial, not only for hindering the uptake into the non‐target cells but also for enabling transport into the desired cell types. It has been demonstrated that certain proteins can enhance the uptake into the target cell if they are adsorbed.[147](#anie201712448-bib-0147){ref-type="ref"} These identified proteins are part of a complex composition in most protein coronas. Therefore, it is still unsolved how one can assess the net effect of a given protein composition containing cellular‐uptake‐enhancing and uptake‐inhibiting proteins.

As shown by Dawson and co‐workers, the adsorbed proteins can also screen targeting moieties such as transferrin, a protein interacting with transferrin‐receptor‐positive cells.[148](#anie201712448-bib-0148){ref-type="ref"} This shielding effect of the targeting moiety by the protein corona is clearly something that needs to be further addressed by chemical design of the nanocarrier. Enabling only the adsorption of non‐interfering proteins seems to be a complex task while enabling the targeting moiety to be placed further away from the nanoparticle surface by spacers is more achievable based on available bioconjugation technologies.

Furthermore, the proteins in the protein corona interact not only with the membrane proteins of cells but are also still present in the cell inside the endosome.[141](#anie201712448-bib-0141){ref-type="ref"}, [149](#anie201712448-bib-0149){ref-type="ref"} Obviously, these protein coronas also determine the intracellular fate, such as how fast nanocarriers are transported through the cell.[150](#anie201712448-bib-0150){ref-type="ref"} LC‐MS can also be used to identify different types of endosomes, such as early or late endosomes, or different types of lysosomes, and therefore allows elucidating the intracellular fate of nanocarriers. This revealed hitherto not well recognized intracellular compartments,[141](#anie201712448-bib-0141){ref-type="ref"} which are crucial for the fate of the respective nanocarriers. In these compartments, further receptors and enzymes are recruited from the cytosol or by fusion with other compartments. These mechanisms have not yet been exploited as a way of influencing the cellular response to a nanocarrier. In the case of enzymes, these could specifically enable the escape of cargoes from the endosome in a desired state.

### 3.4.2. Protein Bioadhesives Stabilize Nanoparticle Sensors {#anie201712448-sec-0023}

The controlled adsorption of specific proteins from biological media is still in its infancy, and the findings discussed above clearly indicate the importance of proteins at interfaces and their crucial roles in dictating cellular uptake. In order to exert greater control over the interfaces and subsequent nanocarrier properties, the interaction between proteins and nanoparticle surfaces can be predefined by design through controlled protein adsorption. Various nanoparticles such as metals,[151](#anie201712448-bib-0151){ref-type="ref"} semiconductors,[152](#anie201712448-bib-0152){ref-type="ref"} or nanodiamonds[153](#anie201712448-bib-0153){ref-type="ref"} have been stabilized by this emerging and versatile protein passivation strategy to enable in vitro and in vivo bioapplications. There are different ways to add the desired proteins as stable bioadhesives to the nanoparticles, for example, through electrostatic interactions,[154](#anie201712448-bib-0154){ref-type="ref"} non‐covalent interactions,[155](#anie201712448-bib-0155){ref-type="ref"} or ligand--metal interactions.[152](#anie201712448-bib-0152){ref-type="ref"} As proteins offer multiple carboxylic acid, amino, and thiol/disulfide groups, ligand exchange of weakly bound nanoparticle surface groups by the desired protein represents a method of choice to passivate, for example, quantum dots.[152](#anie201712448-bib-0152){ref-type="ref"} Gold nanoparticles have been coated by either ligand exchange or in situ growth by complexing gold cations at the protein surface and subsequent reduction.[151](#anie201712448-bib-0151){ref-type="ref"} In both cases, the protein serves as a bioadhesive, improving the colloidal stability of the nanoparticles in aqueous media, which is essential for bioimaging applications. Ultrasmall and fluorescent gold nanoemitters have been obtained by nucleation and growth in the presence of HSA.[151a](#anie201712448-bib-0151a){ref-type="ref"}, [156](#anie201712448-bib-0156){ref-type="ref"} HSA‐coated nanogold (AuNPs) emits in the NIR region with a comparatively high fluorescence quantum yield and has sufficient stability for studies inside living cells.[151a](#anie201712448-bib-0151a){ref-type="ref"} More recently, a chemically modified, cationic HSA derivative was obtained containing PEG polymer chains as well as multiple mitochondria‐targeting, lipophilic triphenyl phosphonium groups.[157](#anie201712448-bib-0157){ref-type="ref"} The triphenylphosphonium‐modified protein was then applied as a protein adhesive coating to AuNPs. The photostability and limited toxicity of these markers enabled true long‐lasting 3D time lapse live‐cell imaging and even quantification of mitochondrial dynamics in living cells.[158](#anie201712448-bib-0158){ref-type="ref"}

Nanodiamonds (NDs) represent promising bioprobes because of their tunable, intense emission, low cellular toxicity, and very high photostability.[159](#anie201712448-bib-0159){ref-type="ref"} NDs with nitrogen‐vacancy defects even allow for combining various imaging modes in one nanoparticle system, such as super‐resolution microscopy techniques, surface‐enhanced Raman scattering, or nanoscale magnetometry (the detection of very small magnetic fields at nanoscale resolution), making them unique probes for sensing their local environments.[160](#anie201712448-bib-0160){ref-type="ref"} Typical preparation processes yield NDs with multiple negatively charged surface groups, which complex to positively charged proteins. The adsorption of the protein ferritin, which transports iron in many organisms, yielded one of the first ND--protein complexes (Figure [13](#anie201712448-fig-0013){ref-type="fig"} a).[161](#anie201712448-bib-0161){ref-type="ref"} The presence of ferritin at the ND surface was detected by recording the magnetic noise of the multiple inner paramagnetic Fe^3+^ cations as a contrast mechanism, with sensitivities reaching the single‐molecule detection threshold.[151](#anie201712448-bib-0151){ref-type="ref"} These results pave the way to nanoparticle sensors bearing a functional protein corona that could be detected directly by a relatively simple optical readout.

![a) TEM image of ND with adsorbed Ferritin proteins indicated by the arrows. Magnification of three ferritin proteins adsorbed at the ND surface. b) Hybrid nanoparticle consisting of nanogold (yellow) and ND (green) obtained by covalent crosslinking of the HSA (red spheres) protein interface. Extracted and adapted from Ref. [162](#anie201712448-bib-0162){ref-type="ref"}. c) Multifunctional protein--particle interface obtained through chemical engineering of the protein bioadhesive.](ANIE-57-12626-g015){#anie201712448-fig-0013}

Moreover, the protein shell offers customization of the particle functions through synthetic design: The adsorption of proteins such as ferritin or HSA not only stabilizes NDs and suppresses aggregation in buffer solution but it could also serve as reactive biointerface for linking two different kinds of nanoparticles with precise structural control.[153](#anie201712448-bib-0153){ref-type="ref"} The presence of multiple functionalities in the protein amino acid side chains allowed the preparation of ND--nanogold hybrid particles by covalent crosslinking of the passivating HSA layer of the NDs with the coating ligands of the nanogold (Figure [13](#anie201712448-fig-0013){ref-type="fig"} b). Such biosensors based on multiple nanoscale components are generally challenging to obtain because of aggregation, especially in biological environments, as well as complicated purification. The ND--nanogold hybrid depicted in Figure [13](#anie201712448-fig-0013){ref-type="fig"} b represents the first "all‐in‐one" hybrid particle suitable for both fluorescent imaging and electron microscopy, which enables studying cellular processes such as endocytosis, a membrane‐dependent process that delivers materials to cells, in a single sample at multiple resolutions.[153](#anie201712448-bib-0153){ref-type="ref"}

### 3.4.3. Denatured Protein Coatings for Drug Delivery and Theranostics {#anie201712448-sec-0024}

Proteins such as fibrinogen are known to adsorb to implanted biomaterials. Reported findings reveal that the strong adhesion is supported by denaturation of the protein structure, which in turn leads to stronger interaction with the material.[163](#anie201712448-bib-0163){ref-type="ref"} Denaturation allows internal regions to form additional contacts with a particular solid surface to stabilize the interaction.[164](#anie201712448-bib-0164){ref-type="ref"} Inspired by this natural adhesion process of many proteins, which efficiently passivates nanomaterials and surfaces, we have established a controlled protein denaturation and stabilization strategy that exposes functionalities that are usually "hidden" inside the protein, such as hydrophobic or thiol groups of disulfide bonds, for either introducing additional functionalities or stabilizing the nanoparticles.[152](#anie201712448-bib-0152){ref-type="ref"}, [165](#anie201712448-bib-0165){ref-type="ref"} HSA was denatured and stabilized by multiple grafted PEG chains, and additional thiol groups were incorporated to encapsulate CdSe quantum dots (QDots).[152](#anie201712448-bib-0152){ref-type="ref"} A reversible QD pH sensor was obtained as the emission intensity of the QDots was strongly affected by the denatured protein coating and its ability to passivate the QDot surface and adopt different charge states.[152](#anie201712448-bib-0152){ref-type="ref"} By introducing multiple positive charges to denatured HSA, a QD biocoating was obtained that facilitated complex formation with DNA through electrostatic interactions. The emission intensity of the QDots depended strongly on DNA complex formation, and it even correlated with the gene transfection efficacy of the HSA--QDot complexes with DNA.[166](#anie201712448-bib-0166){ref-type="ref"}

A variety of functionalities can be introduced into the protein bioadhesive by chemical modification, for example, drug molecules, DNA, polymers, or imaging groups (Figure [13](#anie201712448-fig-0013){ref-type="fig"} c).[167](#anie201712448-bib-0167){ref-type="ref"} During protein coating, these functionalities are transferred to the nanoparticle surface, which results in efficient drug transporters or nanotheranostics for cancer therapy.[167b](#anie201712448-bib-0167b){ref-type="ref"} Moreover, additional stabilization could be achieved by the introduction of appropriate chemical functional groups to confer better interactions with the nanoparticles. One could envision engineered multifunctional nanoparticle interfaces based on proteins encoded with defined structural information as a convenient platform to address specific biological challenges.

4. Summary and Outlook {#anie201712448-sec-0025}
======================

Specific or unspecific protein adsorption as a desired or undesired process occurs on many different surfaces and as such is very complex in nature. To be able to achieve a certain degree of control over the resulting surface characteristics, a deeper understanding of those processes is definitely required. In our opinion, it is not enough to only understand the surface activity of proteins. Rather, the aim is to create certain functions by designing a specific protein‐covered or protein‐repellent surface. Exploiting the surface activity of proteins should enable engineering the material characteristics directly in the applied biological environment. Gaining a fundamental understanding of protein interactions and later changes in the surrounding medium, a complementary combination of characterization techniques---possibly involving the help of computational simulations---is required. We have thus given an overview over some of the most commonly used and some of the most promising techniques. Many techniques are currently only used for the characterization of either planar or curved surfaces. However, it is also possible in some cases---and even more needed---to expand their application to the respective other material. Developing characterization methods for more universal measurement possibilities and using complementary techniques depending on the required information is mandatory. Even more, the knowledge obtained for planar surfaces needs to be translated to curved surfaces and vice versa. With those possibilities, a great step can probably be made towards engineering "functional" protein‐interacting systems.
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